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Knowing the correct sex of individuals is essential both for research in evolutionary ecology and for practical 
conservation. Recent molecular advances have produced cheap, quick and reliable methods for sexing birds 
including chicks, juveniles, immatures and adults. Shorebird researchers have not yet fully utilised these 
advances. Here we provide an overview of work in this area to date with two objectives: (i) to review the 
major applications of molecular sexing and findings of shorebird research so far, and (ii) to provide an essential 
guide on how to carry out molecular sexing using current methods whilst avoiding methodological pitfalls. We 
encourage shorebird researchers to make better use of molecular sex-typing techniques in studies of conservation, 
migration, foraging ecology and breeding behaviour.
INTRODUCTION
The great phenotypic diversity of shorebirds makes them ideal 
model organisms for the study of major themes in behavioural 
and evolutionary ecology. Research on shorebirds has helped 
us to understand the mechanisms behind the evolution of 
foraging strategies, breeding systems and migration patterns 
(Delany et al. 2009, Hayman et al. 1988, Székely et al. 2004, 
van de Kam et al. 2004). Determining the sex of individuals 
is of fundamental importance in these fields, with implications 
not only for shorebird research but also conservation. Sex ratios 
provide an important demographic parameter in any popula-
tion and have been a central theme in evolutionary biology 
for many years (Fisher 1930, Frank 1990, Hardy 2002, Mayr 
1939). Recognising whether the sex ratio within a popula-
tion fits the 1:1 ratio predicted by Fisher (1930), or diverges 
towards a higher proportion of males or females is central to 
understanding behavioural strategies. Research into primary, 
secondary and tertiary sex ratios, among eggs, chicks and 
adults respectively, can highlight key factors in the life history 
of shorebirds (Breitwisch 1989, Mayr 1939). These factors 
can act at particular points, altering the sex ratio between each 
stage and determining for example, an individual’s chance of 
surviving to adulthood, the number of potential mates avail-
able to them, and whether they should spend time and effort 
caring for chicks or searching for another mate. Some species, 
including the Spotted Sandpiper Tringa macularia (Oring et 
al. 1983), have even been found to vary their mating system 
depending upon the tertiary sex-ratio of the population and the 
mating opportunities available to each sex. 
For the many shorebird species under threat and declining 
in number, knowledge of sex and correct sex-ratio determina-
tion is imperative for conservation management. For example, 
if the breeding population of an endangered species with a 
polygynous mating system is lacking in females, the effec-
tive population size will be reduced, and the situation may be 
more dire than realised (Weston et al. 2004). Donald (2007) 
found sex-ratio skew among globally-threatened bird species 
to be greater than for non-threatened species. Attempts at 
conservation must subsequently focus upon combating the 
causes of this bias, and reintroduction programmes may be 
able to redress the balance to improve their status (Donald 
2007, Fancy et al. 2001, Haig et al. 1993). 
In species with clear sexual dimorphism in body size, 
plumage or behaviour, the sex of birds can be identified in 
the field. However, only 44 of the 213 shorebird species are 
dimorphic in plumage colouration and of these just twelve 
are dimorphic throughout the year, in both breeding and 
non-breeding plumage (Hayman et al. 1988). Males and 
females of a further 102 species differ in average body size 
when measured in the hand. However, there is often a degree 
of overlap in these sizes, which prevents such measure-
ments being fully reliable (Hansen et al. 2009). One study 
of the Red Knot, Calidris canutus, revealed incorrect sex 
assignment in over 20% of individuals estimated morpho-
metrically, whereas molecular sexing was 100% reliable, as 
confirmed by subsequent gonad analysis (Baker et al. 1999). 
Furthermore, for sexually immature juveniles in the first few 
weeks after hatching, sex identification in the field is nearly 
always impossible and molecular sex-typing is essential 
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(Baker et al. 1999, Dubiec & Zagalska-Neubauer 2006).
Traits for sexing based on morphometry can be subject to 
environmental variation both spatially and temporally (Zwarts 
et al. 1996). Van de Pol et al. (2008) found body mass and bill 
length to vary substantially over time in the Eurasian Oyster-
catcher Haematopus ostralegus both within and between 
years. Geographically, males and females often have differ-
ent growth trajectories in different populations. Biometric 
differences have been reported between shorebirds at coastal 
versus inland sites and at different estuaries (Heppleston & 
Kerridge 1970, Zwarts et al. 1996). Thus morphometric sex 
discriminant functions developed in one population may not 
work in another, and should be applied with caution.
The development of sex-specific genetic markers for wide 
use in birds began in the 1990s. Before this, methods for 
sexing monomorphic species included behavioural observa-
tion, examination of the gonads and cytological examination 
based on observing differences in the morphology of the sex 
chromosomes (Dubiec & Zagalska-Neubauer 2006). Early 
molecular methods included DNA hybridisation techniques, 
Southern blotting to search for sex-linked minisatellites, and 
PCR-based techniques such as RAPD (Random Ampification 
of Polymorphic DNA) and AFLP (Amplification Fragment 
length Polymorphism) to amplify random fragments of DNA 
before screening for sex-specificity. As these are based on 
non-coding sections of the genome, for each species or genus 
new sex-linked loci had to be identified, making this lengthy 
and arduous (Lessells & Mateman 1998).
Now, these techniques have been replaced by fast, reli-
able and cost effective molecular techniques based upon 
amplification by the polymerase chain reaction (PCR) of 
conserved sex-specific genetic markers that are widely ap-
plicable for the majority of birds. These markers have been 
quickly  adopted for sex-ratio studies, and have opened up 
large areas of research concerning juveniles, most notably 
sex allocation, brood sex-ratios and sex-biased chick survival, 
which are key to understanding processes at later life-history 
stages (Andersson et al. 2003, Durrell 2006, Reneerkens et al. 
2005, Sandercock et al. 2005, Székely et al. 2004). Sex differ-
ences are also being revealed in adult survival, reproductive 
success, parental care and timing of migration, with the com-
position of populations at breeding, wintering and migratory 
stopover sites often differing dramatically (Dinsmore et al. 
2002, Remisiewicz & Wennerberg 2006, Sandercock et al. 
2005, St Clair et al. 2010). 
With molecular methods now more accessible than ever 
before, this review aims to assist shorebird researchers with 
limited molecular genetic experience by outlining the latest 
methodologies available for molecular sex-typing and for 
successfully avoiding pitfalls during the process.
OVERVIEW: SEX-TYPING IN SHOREBIRDS
Molecular sex-typing has seen a rapid rise in popularity over 
the last decade, currently totalling at least 1,200 published 
papers in birds alone (ISI Web of Knowledge). Shorebird 
researchers were slow to capitalise on these new advances 
and the number of studies utilising molecular sexing has 
remained relatively low. In a search via the online database 
ISI Web of Knowledge, we found a year-on-year increase in 
the number of studies carrying out molecular sexing in birds 
since the publication of general avian sex-typing markers in 
1998, with the exception of 2005. This trend is not replicated 
for shorebird studies, of which only 27 appear in the last 
decade, with no more than five papers per year (Fig. 1). This 
is surprising given the enormous research potential these 
techniques provide for shorebirds. 
We identified shorebird studies applying molecular sex-
typing via a systematic search in i) ISI Web of Knowledge 
and Google Scholar (key words: ‘molecular sexing* AND 
shorebirds*’, ‘molecular sexing* AND family name’ and 
‘molecular sexing* AND common family name’), ii) citations 
listed within each publication, and iii) opportunistic findings 
(Appendix 1). These 40 studies included only 24 of the 213 
shorebird species (Hayman et al. 1988). Among the species 
studied, there was a strong bias towards the family Scolopaci-
dae, the sandpipers and allies (27 studies on 15 of 88 species), 
with a reduced focus upon members of the Charadriidae 
family, the plovers and lapwings (nine studies on seven of 
65 species). Astonishingly, families including the Jacanidae, 
Recurvirostridae, Burhinidae and Glariolidae appear not to 
have been investigated at all using molecular sexing. This is 
most likely due to the small number of genotyping studies 
that have been carried out upon these groups to date. 
There is also a bias in terms of the topics investigated. Ten 
of the 40 studies used molecular methods in a mechanistic 
way to verify the reliability of morphological methods for 
sexing adults in the field. Hypothesis testing was applied in 
the remaining 30 studies and, of these, six determined  juvenile 
sex ratios in the brood, eight investigated sex-specific traits 
in breeding and parental care, and eight studied sex differ-
ences in migration timings and locations. With so few studies, 
current knowledge in these areas remains low and each new 
study reveals novel insights into the life-history strategies of 
shorebirds. 
METHODOLOGIES
The majority of molecular markers used in avian sexing iden-
tify intrinsic differences in the sex chromosomes, males being 
the homogametic (ZZ) and females the heterogametic (ZW) 
sex. The first discoveries of W-linked, female-specific DNA 
for use in sex identification were made in the early 1990s 
(Griffiths & Holland 1990, Griffiths et al. 1992, Griffiths 
& Tiwari 1993, 1995, Quinn et al. 1990, Rabenold et al. 
1991) however, methods were specific to particular spe-
cies and not for broader use across avian taxa. In 1996, the 
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Fig. 1.  Studies that utilised avian molecular sex-typing techniques fol-
lowing the publication of universal non-ratite bird sex-typing markers. 
In total 1,222 studies used molecular sex-typing in birds, of which only 
26 were in shorebirds (ISI Web of Knowledge, accessed 13/01/2010).
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buffer such as Queen’s Lysis Buffer (0.01M Tris-Cl, 0.01M 
NaCl, 0.01M EDTA and 1% n-lauroylsarcosine, Seutin et 
al. 1991), dimethyl sulphoxide (DMSO, which is toxic) 
or at room temperature in absolute ethanol (at a maximum 
blood:alcohol volume:volume ratio of 1:20). When sampling 
in remote, tropical locations where cold storage is not avail-
able, either DMSO or Queen’s Lysis Buffer can be used, 
however, DNA degradation will occur over time and samples 
should be transferred to 4°C or below as soon as possible for 
long-term storage (Kilpatrick 2002).
Filter paper: Alternatively but less commonly, blood 
from a needle prick can be collected on acid-free filter paper, 
rapidly dried and kept desiccated as 3 mm diameter dried 
blood spots until analysis (Trudeau et al. 2007, Wijnen et al. 
2008). The reported advantages of this technique, compared 
to storing the blood in buffer, include faster handling times, 
with no need for blood collection in capillaries, lower costs 
and faster DNA extraction (Wijnen et al. 2008).
Blood samples collected both in buffer and on filter paper 
can be stored for several years (Kilpatrick 2002, McNulty et 
al. 2007). However, the quantity (magnitude of 10 to 100 ng/
µl) and quality of the DNA obtained from filter paper samples 
is lower than for samples stored in buffer (Halsall et al. 
2008). As samples are often used in other analyses it is usu-
ally beneficial to have greater magnitude and quality DNA; 
we therefore strongly recommend storing blood samples in 
buffer or ethanol.
Tissue sampling is often used when dead embryos, chicks 
or adults need to be sexed. For recently deceased individu-
als, common tissues sampled are brain or liver. For museum 
specimens, footpad samples are commonly used as sources 
of DNA. During their preparation, museum skins were in the 
past treated with chemicals such as arsenic. The feet were 
generally not subject to this treatment and so it is possible 
to extract higher quality, less degraded DNA from here than 
from the rest of the body (Mundy et al. 1997).
Fig. 2.  Schematic representation of the W and Z CHD regions in 
birds that are amplified using the CHD sex-typing primer sets. Primer 
binding sites (arrows) are located in highly-conserved exonic regions 
(boxes) and target introns (lines) of different sizes on the two sex 
chromosomes.
Fig. 3.  The five stages of the molecular sex-typing process.
chromo-helicase-DNA binding (CHD) gene was identified 
as a W-specific gene present in most non-ratite bird species 
(Ellegren 1996, Griffiths et al. 1996). It is this CHD gene, 
and its counterpart on the Z chromosome, that are the focus 
of current molecular sexing techniques. The CHD genes func-
tion as transcription regulators at the chromatin level and are 
termed CHD-Z and CHD-W. In order to distinguish between 
Z and W chromosomes, the strategy is to PCR amplify a 
non-coding intron that is of different sizes on the CHD-Z 
and CHD-W genes (Griffiths et al. 1998). The CHD sexing 
‘primers’ target highly-conserved exonic regions flanking 
the non-coding intron, making them applicable across a wide 
range of birds (Fig. 2). Males (ZZ) are homogametic result-
ing in the detection of just one PCR product whereas females 
(ZW) are heterogametic and the product will appear as two 
bands / peaks (Griffiths et al. 1998). 
THE SEX-TYPING PROCESS
The molecular sex-typing process, from field to lab, can be 
divided into five key stages (Fig. 3). These consist of i) sam-
pling individuals, ii) extracting DNA from samples, iii) PCR 
amplification of target regions, iv) fragment analysis, and v) 
verification of results. In recent years various protocols have 
been developed for each stage. It is therefore important to take 
note of the differences between and suitability of these meth-
ods before starting the molecular sex-typing, in order to work 
out the best protocol for the species and samples concerned. 
The following sections outline the most widely used options. 
A. Sampling methods
The choice of which sampling method to use is constrained 
by field conditions, training and time. In general, all invasive 
sampling methods will require specific licences (and often 
training) which must be obtained from the relevant wildlife 
and welfare authorities before the sampling begins. 
Blood sampling is the most popular and effective method 
and is recommended whenever possible. Blood is an effective 
template source for molecular sexing due to the presence of 
nuclear DNA in the red blood cells of birds. For this, a small 
(10–100μl) blood sample is taken from the wing or leg veins 
of birds and collected in capillaries. Evidence from species 
including shorebirds has repeatedly shown that taking small 
samples of blood has no detrimental effect (Colwell et al. 
1988, Sheldon et al. 2008). Until DNA can be extracted, 
blood samples should be stored by one of the following two 
methods, which each require a different level of preparation: 
Buffer: Blood can be stored at 4°C in tubes filled with a 
1. Sampling
è Blood
è	Tissue
è Feather
è Mouth
è Faeces
2. DNA 
Extraction
è Phenol-chloroform
è	Ammonium acetate
è Kits
è Boiling with NaOH
è Faeces: Filter paper
+GuSCN
3. PCR-based 
DNA 
Amplification 
with CHD 
markers
4. Fragment 
analysis
è DNA analyzer
è	Agarose Gel
è Polyacrylamide Gel
5. Verification
è Re-analysis with same
markers
è	Re-analysis with 
alternative markers
èèèè
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Non-invasive sampling methods are alternatives to blood 
and tissue sampling in cases where species evade capture, or 
where there are welfare concerns. For shorebird sex-typing 
studies three methods may be used, namely the collection of 
mouth swabs, feathers and faeces.
In mouth swab sampling, buccal epithelial cells are sam-
pled using a foam-tipped buccal swab or cytology brush 
which is gently rotated against the inside of the oral cavity 
and across the tongue of individuals (Handel et al. 2006, 
King et al. 2006). The swab can then either be allowed to 
dry in the air for 10–15 minutes before being placed into a 
collection tube, or can be suspended immediately in NDS 
(0.5 M EDTA, 10 mM Tris-HCl, 1%[w/v] sodium lauroyl 
sarcosine [pH 9.5]). Buccal samples do not yield as much 
DNA as blood samples (<10ng/µl, Handel et al. 2006), yet 
their rapidity makes them a good alternative.
When sampling feathers, it is possible to obtain DNA 
from plucked or moulted contour feathers, wing feathers or 
tail feathers. Growing feathers are especially useful due to 
the presence of dividing cells at their bases and in some cases 
also blood cells containing DNA (Bush et al. 2005). Contour 
feathers are a less reliable source of DNA, as they depend 
upon skin cells adhering to the base of the rachis. DNA can be 
extracted from the basal tip of the calamus (Morin et al. 1994) 
or from the blood clot embedded in superior umbilicus of the 
shaft, this area having been reported to provide the highest 
quality DNA from feathers (Horvath et al. 2005). The feasi-
bility of using moulted feathers has also been investigated, 
however it is impossible to assign feathers to individual birds, 
and results may be confounded by the collection of multiple 
feathers from the same individual (Bush et al. 2005, Mino 
& Del Lama 2009). In situations where direct contact is not 
possible, an alternative is the ‘feather-trap’. This consists of 
strips of double-sided adhesive tape, placed close to nests 
where individuals are likely to pass (Maurer et al. 2010). The 
freshness of feathers collected by this method compared to 
moulted feathers means that better quality and more DNA 
can be extracted due to the presence of live cells within them. 
Faeces have been widely used as a source of DNA in 
mammals however few studies have been carried out in birds 
(Alda et al. 2007, Idaghdour et al. 2003, Regnaut et al. 2006, 
Robertson et al. 1999, Segelbacher & Steinbrück 2001). The 
quality of the DNA extracted from faeces is lower than that 
of feathers and various difficulties can occur during PCR as a 
result (Alda et al. 2007). Robertson et al. (1999) were the first 
to successfully utilise avian faecal material to sex-type the 
Kakapo Strigops habroptilus. Regnaut et al. (2006) reported 
up to 98% genotyping reliability based upon amplification 
of 11 microsatellites in the Capercaillie Tetrao urogallus; 
although this was only achieved after five labour-intensive 
repetitions, with initial success at just 69%. 
Alternatives to blood and tissue sampling have been 
gaining popularity in recent years, with the improvement of 
methods for the extraction of degraded DNA and success-
ful amplification of PCR products. Of the three methods, 
mouth swab sampling provides the most consistent source 
of good-quality DNA, followed by feathers and then faeces 
(Alda et al. 2007, Handel et al. 2006, Robertson et al. 1999). 
Due to frequent problems with DNA degradation of these 
samples, we strongly recommend blood sampling as the 
standard sampling method, yielding the highest quantity of 
high-quality DNA.
B. DNA extraction
Genomic DNA extraction is the most crucial step determining 
the success of molecular sexing. DNA should be extracted 
from samples such that inhibitors of Taq polymerase are not 
present in the serum (Kramvis et al. 1996). Such inhibitors 
have been found in blood and muscle tissue extracts and can 
result in failure of PCR amplification (Bélec et al. 1998). The 
standard phenol-chloroform extraction involves incubation 
of samples with proteinase K in a lysis buffer (e.g. Queen’s 
lysis buffer or SDS based buffers) followed by phenol-chlo-
roform extraction and ethanol precipitation (Maniatis et al. 
1982). However, this method is laborious, time-consuming 
and expensive, and unsuitable for large numbers of samples 
(Kramvis et al. 1996). It also relies on the use of chemicals 
that are toxic to both the environment and humans (Beja-
Pereira et al. 2009). 
Lately, numerous commercial DNA extraction kits have 
become available. These kits can be applied to a range of 
different sample types including feathers (Bush et al. 2005). 
They generally take less time to use (~5 hours cf. <24 hours 
for the standard phenol-chloroform method), are less expen-
sive, and also reduce the time spent handling samples and the 
risk of contamination. 
Ammonium acetate extraction is an alternative that pro-
duces high yields of high-quality DNA from bird blood or 
tissue (based on Bruford et al. 1998, Nicholls et al. 2000). 
The protocol for this is similar to that of phenol-chloroform 
extraction, except that ammonium acetate is utilised for the 
precipitation of unwanted proteins (full protocol available at: 
http://www.shef.ac.uk/nbaf-s/protocols.html). This method is 
cheaper to carry out than the commercial extraction kits and 
furthermore, the ability to adapt it for use in 96-well plates 
means that high-throughput is possible, with DNA being 
extracted from up to 192 samples in two days (Whitlock et 
al. 2008).
For avian blood samples an alternative protocol has been 
developed, reducing the processing time of samples by 
essentially removing the DNA extraction step (Khatib & 
Gruembaum 1996). PCR amplification is carried out directly 
on blood samples, after boiling them with sodium hydroxide 
to release the DNA from cells (Tomasulo et al. 2002), but the 
yield of high-quality DNA resulting from this method is yet 
to be established. 
For DNA extraction from mouth swabs and feathers, it 
is possible to use standard commercial DNA extraction kits, 
phenol-chloroform or ammonium acetate protocols (Bush et 
al. 2007). For mouth swab samples, prior to each method buc-
cal epithelial cells must be collected in a pellet by centrifuging 
the samples in sterile water or NDS (Beja-Pereira et al. 2009, 
Meldgaard et al. 2004). For feather samples, the base of the 
rachis should be cut from the rest of the feather.
For faecal samples, an effective technique for DNA ex-
traction has been outlined by Marrero et al. (2009) involving 
the use of fine filter paper soaked in guanidine thiocyanate 
(GuSCN) to absorb DNA from alimentary tract cells on the 
exterior surface of faeces.
Once high-quality DNA has been extracted, it needs to 
be dissolved well to an optimal storage concentration of 
100–150 ng/µl by diluting with a standard TE buffer or 
ultra-pure water and should be kept in a freezer (–20°C) until 
further processing. 
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C. DNA quantification and PCR
The optimal amount of DNA for a PCR is 10–50 ng with a 
concentration of 10–15 ng/µl. Successful PCR can in prin-
ciple be carried out from just one molecule of DNA, though 
low concentrations are not recommended as they may result 
in the amplification failure of single alleles (Kenta et al. 
2008). If the DNA concentration of the template solution 
is too high (above ~250 ng), PCR failure will also occur. 
Common reasons for PCR amplification failure from fresh 
templates are poor-quality DNA and poorly dissolved stock 
DNA leading to errors in the amount of DNA introduced to 
the PCR. DNA concentration can be quantified with a fluo-
rometer, a spectrometer with a DNA quantification program, 
or less accurately by using gel electrophoresis of a small part 
of the template on agarose gels in the presence of standards 
with known concentration. Any RNA present amongst stock 
DNA will lead to over-estimations of the amount of DNA 
present. Therefore the RNA concentration within a sample 
needs to be calculated using the 260:280 nm UV absorbance 
ratio (Maniatis et al. 1982), which can be obtained from the 
fluorometer / spectrometer reading. 
Several molecular markers are available for sexing birds 
(Fridolfsson & Ellegren 1999, Griffiths et al. 1998, Kahn et 
al. 1998). Expected product sizes for the most common prim-
ers in a large number of bird species are provided in the BIRD 
SEX-TYPING database (Dawson et al. unpub. data) main-
tained at the NERC Biomolecular Analysis Facility (NBAF) 
and available online at: http://www.shef.ac.uk/nbaf-s/birdsex-
ing.html. There are three main sets of primers in general use 
for all birds, with the exception of the ratites (Table 1): the 
P2/P8 primers of Griffiths et al. (1998); the 1237L/1272H 
primers of Kahn et al. (1998); and the 2550F/2718R primers 
of Fridolfsson & Ellegren (1999). The first two sets of primers 
both amplify the same region, the intron between the CHD 
helicase and DNA-binding regions on the CHD gene. Of the 
two, the P2/P8 primers are generally preferred as they have 
proven successful for a greater number of species than the 
1237L/1272H primers (Table 1). Kahn’s 1237L/1272H prim-
ers have additionally been criticised for producing many more 
non-specific fragments than Griffith’s P2/P8 primers (Dubiec 
& Zagalska-Neubauer 2006). The difference in product size 
between CHD-Z and CHD-W is between 10 and 80 bp (P2/P8 
data from multiple species extracted from the NBAF BIRD 
SEX-TYPING database, Dawson et al. unpub. data).
The 2550F/2718R amplified products of CHD-Z and CHD-
W are between 150 and 250 bp different in size, depending 
on the species concerned. In favour of the 2550/2718 primers 
is the comparatively smaller size of CHD-W than CHD-Z 
products. Smaller products are more likely to amplify than 
larger ones in PCR (Toouli et al. 2000). Hence with larger W 
and smaller Z products (as amplified by primers such as P2/
P8), it is possible for W fragment amplification failure to go 
unnoticed due to the presence of the successfully amplified 
CHD-Z product. This results in a greater chance that a female 
will be mis-sexed as male. However, one disadvantage of the 
2550F/2718R primers is that they can be used successfully in 
fewer species than the P2/P8 primers.
In PCR, target regions of DNA for sexing can be amplified 
with either one marker at a time, in a singleplex (one reaction 
per well), or more than one marker at a time, in a multiplex 
(several reactions per well). Singleplex reactions should be 
used when the size of products amplified is to be analysed 
manually on an agarose gel or if the product sizes of mark-
ers overlap. Multiplexes can be carried out when fragment 
analysis is to be carried out on an automated DNA analyser, 
or on agarose gel when the sizes of PCR products are known 
and they are not overlapping. 
D. Fragment analysis
Analysis of the size of CHD products amplified in PCR can 
be carried out in two ways, either by gel electrophoresis or 
by automated DNA analysers. 
In both processes, DNA fragments will be separated 
 according to size using an agarose, polyacrylamide or poly-
mer matrix. Separation by gel electrophoresis works well 
when the products differ in size by approximately 35 bp 
or greater (on 2% agarose gel) and when the products are 
0–500 bp in size. However, the resolution is low and it is not 
possible to determine the precise number of base pairs in each 
fragment so difficulties will occur if the Z and W products are 
of similar size, or if CHD-Z is polymorphic, in which case 
heterozygous males could be incorrectly recorded as females 
(Dawson et al. 2001). It must be noted that higher resolution 
can be  attained using gels with a higher agarose concentra-
tion (e.g. 2% agarose to 35 bp, 3% agarose to 6 bp) and that 
acrylamide gels provide higher resolution than agarose.
DNA analysers provide automated fragment analysis and 
can resolve product sizes to 1-bp accuracy. Hence, where 
the size of CHD-Z and CHD-W alleles is known, it is easy 
to identify Z/W polymorphisms within a population where 
several known sex control individuals are available for both 
sexes. To visualize the products, the sexing primers must 
be fluorescently labelled. Depending on the type of DNA 
analyser and the number of its capillaries, high throughput is 
possible (16 to 48 capillaries). Additionally, the products of 
several sex-typing markers can be analysed in parallel to re-
duce the possibility of typing errors based on a single marker.
In the past, automated fragment analysis was expensive 
and not widely available. Today however, the price of au-
tomated fragment analysis has dropped significantly and 
its use is highly recommended to avoid problems that may 
commonly occur during molecular sex-typing (see section E).
E. Verification of results
In the assessment of sex-typing marker sets for a particular 
species, the sex of individuals needs to be initially established 
through, for example, gonad analysis, clearly dimorphic phe-
notypes or observed matings. Once the assessment has been 
finished, it is still important to gain assurance of the results 
of each sex-typing PCR. This can be done simply by repeat-
ing molecular sexing using several known male and female 
samples, or by utilising more than one molecular sex-typing 
Table 1.  Details and number of times cited for three popular CHD-
linked primer sets used for the molecular sex-typing of non-ratite birds. 
The number of citations is based on an ISI Web of Knowledge search 
carried out on 13/01/2010. 
Reference Primer 
name
Primer sequence (5’ – 3’) Times 
cited
Griffiths et al. 
(1998)
P2 TCTGCATCGCTAAATCCTTT
825
P8 CTCCCAAGGATGAGRAAYTG
Kahn et al. 
(1998)
1237L GAGAAACTGTGCAAAACAG
85
1272H TCCAGAATATCTTCTGCTCC
Fridolfsson & 
Ellegren (1999)
2550F GTTACTGATTCGTCTACGAGA
370
2718R ATTGAAATGATCCAGTGCTTG
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marker. The accuracy and reliability of results and ease of 
sex-typing is greatly affected by the method of analysis used 
to determine the size of the PCR products. With automated 
fragment analysis the possibility of error is minimal, par-
ticularly when multiple sex-typing markers are analysed; 
however, when utilising gels for fragment analysis a number 
of pitfalls have been known to occur.
Pitfalls in molecular sex-typing
Sources of error include firstly allelic dropout, which can 
cause real females to be assigned as males as a result of the 
preferential amplification of just the CHD-Z allele (Robertson 
& Gemmel 2006). Allelic dropout occurs more frequently 
when Z and W products differ in size by 150 bp or more and 
usually the larger product will drop out (Toouli et al. 2000). 
Secondly, a lack of detectable difference in the size of the Z 
and W products can lead to all individuals (including females) 
being mistakenly assigned as males if no known sex controls 
are included (Dawson et al. 2001). Thirdly, heteroduplex 
molecules may form when different CHD-Z alleles interact 
during PCR. In shorebirds, Casey et al. (2009) highlighted 
this occurrence in the Upland Sandpiper Bartramia longi-
cauda, showing that CHD-Z products could anneal together to 
produce aggregations of similar size to the CHD-W product. 
 Finally and most commonly reported, inaccuracy may occur 
as a result of Z-polymorphisms in males, such that males 
may be heterozygous for the CHD-Z gene (ZZ’) (Dawson et 
al. 2001). The amplification of two differently sized CHD-Z 
products results in the appearance of two bands in electro-
phoresis, meaning that a male can be confused for a female 
(Dawson et al. 2001). Z-polymorphisms have thus far been 
reported in approximately 20 bird species (e.g. Casey et al. 
2009, Dawson et al. 2001, Lee et al. 2002, Lengyel et al. 
 unpub. data, Küpper et al. 2009, Schroeder et al. 2010). So far 
polymorphisms have not been detected on the W chromosome 
CHD copy possibly because of its significantly lower muta-
tion rate, nucleotide diversity and genetic variability. It has 
been suggested that selection may well be acting to streamline 
this chromosome, maintaining the minimum number of genes 
and alleles (Montell et al. 2001).
Solutions to the pitfalls of molecular sex-typing
Misidentification due to allelic dropout, heteroduplex mol-
ecules and Z-polymorphisms can be overcome in three 
ways. Firstly, utilising more than one sex-typing marker will 
increase the reliability of the result. It may be possible to 
design additional Z- or W-specific primers unique to a study 
species based upon the sequence amplified using the known 
CHD markers (Bantock et al. 2008, Shizuka & Lyon 2008) 
or an alternative avian sex-linked gene e.g. SPINZ/SPINW, 
UBAP2Z/UBAP2W and ATP5A1Z/ATP5A1W (Handley et 
al. 2004). However, for many shorebird species very little 
sequence data are currently available, therefore, before this 
can be achieved at least part of the locus of interest must be 
sequenced in the species concerned. 
Secondly, the most common pitfalls of molecular sex-typ-
ing can be avoided if a DNA analyser is used. The accuracy of 
DNA analysers means that Z-polymorphism can be identified. 
Moreover, heteroduplex molecules are no longer a problem, 
as PCR products are initially denatured prior to analysis, thus 
preventing their aggregation (Casey et al. 2009). 
Thirdly, care must be taken in the collection and storage of 
samples, whether blood, other tissue or non-invasive samples, 
in order to ensure that high-quality template DNA is used. 
Where only low-quality, degraded DNA is available, e.g. 
ancient museum-specimens with short, sheared DNA, primers 
can be developed for shorter targets in the CHD gene (less 
than for example 250 bp, Bantock et al. 2008). 
In general, when choosing molecular markers for sex-
typing, one should seek those most appropriate for the study 
species. If this species has not previously been sexed in this 
manner, it is advisable to first test the applicability of both 
the P2/P8 and 2550F/2718R primer pairs (Table 1) using five 
or more known-sex individuals of each sex. Finally, if it is 
necessary to design new markers, larger numbers of known-
sex birds of each sex must be used for validation.
CONCLUSIONS
Molecular sex-typing has enabled avian biologists and con-
servationists to simply and effectively determine the sex of 
large numbers of individuals. Shorebird researchers should 
embrace this established technique to explore evolutionary 
and ecological trends within and across populations and 
species. Molecular sexing can help us to understand sex 
differences and the roles of the sexes at every life-history 
stage, revealing information about evolutionary events in the 
past and information that may help us to conserve shorebird 
species long into the future. In the coming years, studies on 
shorebirds should endeavour to make far greater use of mo-
lecular sex-typing and, in doing so, will undoubtedly deliver 
important information on these birds’ highly diverse strategies 
of breeding, parental care and migration.
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